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ABSTRACT 

Cells interplay with their environment through mechanical and chemical interactions. To characterize this 

interplay, endothelial cells were cultured on polyacrylamide hydrogels of varying stiffness, coated with 

either fibronectin or collagen. We developed a novel analysis technique, complementary to traction force 

microscopy, to characterize the spatiotemporal evolution of cellular tractions: We identified 

subpopulations of tractions, termed traction foci, and tracked their magnitude and lifetime. Each focus 

consists of tractions associated with a local single peak of maximal traction. Individual foci were spread 

over a larger area in cells cultured on collagen relative to those on fibronectin and exerted higher tractions 

on stiffer hydrogels. We found that the trends with which forces increased with increasing hydrogel 

stiffness were different for foci and whole-cell measurements. These differences were explained by the 

number of foci and their average strength. While on fibronectin multiple short-lived weak foci contributed 

up to 30% to the total traction on hydrogels with intermediate stiffness, short-lived foci in such a number 

were not observed on collagen despite the higher tractions. Our approach allows for the use of existing 

traction force microscopy data to gain insight at the subcellular scale without molecular probes or spatial 

constraining of cellular tractions.  
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INTRODUCTION 

The formation of new blood vessels from preexisting ones, or angiogenesis, is of fundamental importance 

during development, growth and wound healing as well as for the development of tissue engineering 

strategies. Misregulation of angiogenesis is implicated in numerous diseases and pathological disorders 

including stroke, myocardial infarction, inflammatory diseases, or cancer (1–3). During angiogenesis, 

endothelial cells (ECs) interplay with their environment through chemical and mechanical interactions. 

Numerous studies about the biochemical regulation of angiogenesis have been performed (4–7). In 

contrast, studies that explore the mechanical regulation of angiogenesis remain scarce. In these, different 

3D in vitro models of angiogenesis have been utilized to probe the effect of external mechanical loading 

and mechanical properties of the extracellular matrix (ECM) (8, 9). Depending on the hydrogel type and 

stiffness range probed, sprouting angiogenesis was found to increase with increasing hydrogel stiffness 

(10)  or to peak at intermediate stiffness (11).  As sprouting angiogenesis requires endothelial cell (EC) 

migration, which relies on mechanical interactions between ECs and their surrounding ECM, 2D single cell 

studies have been conducted in which EC-generated tractions are measured by means of Traction Force 

Microscopy (TFM) (12–15). TFM calculates cell tractions from measured displacements of the ECM 

(deformable hydrogel substrate) the cell is adhered to. TFM studies with ECs have explored the relation 

between cell area and exerted tractions (12), traction exertion in cells exposed to shear stress (13), 

traction exertion during cell spreading on a flat surface (14), and how the relation between cell area and 

traction changes from single cells to cell pairs (15). Overall, these studies found that there is a close 

relationship between substrate stiffness and traction generation. 

More recently, high resolution TFM methods have been developed in order to study tractions at a 

subcellular level, more specifically at the level of single focal adhesions, given their importance in 

mechanotransduction (16–20). These methodologies have the drawback of requiring modifications to 

standard TFM protocols, such as the addition of fiducial markers of two different colors to ensure proper 

detection of fluorescent tags (16, 19), cellular transfection with molecular tags to visualize focal adhesion 

components (20, 21), or the use of super-resolution microscopy (17, 18). 

With this work, we present a spatiotemporal analysis approach that can help to alleviate hurdles related 

to resolution and that are compatible with standard TFM protocols. In this approach, we zoom into the 

acquired TFM-based traction maps and track subsets of the tractions, which we term traction foci, on a 

scale closer to focal adhesion (FA) complexes.  

MATERIALS AND METHODS 

Polyacrylamide hydrogel preparation and functionalization 

Polyacrylamide (PA) hydrogels were prepared as described by Tse et al. (22). To obtain the desired 

stiffness values (1.4, 2.7, and 4.5 kPa), hydrogels were prepared by mixing different volumes of 40% 

acrylamide, 2% bis-acrylamide (Bio-Rad, Hercules, California) with distilled water. Stiffness of the gels was 

corroborated using Atomic Force Microscopy (AFM) (see Supplemental Materials for details). As fiducial 

markers for TFM, 200 nm carboxylate-modified microspheres (FluoSpheres®, ThermoFisher Scientific, 

Waltham, MA) were added to the mixture at a 1:60 ratio. 

Hydrogels were functionalized with either 5 μg/ml of human fibronectin (Sigma-Aldrich, St. Louis, MO) or 

100 μg/ml rat tail collagen I (BD bioscience, San Jose, CA). Even though the ECM protein concentrations 



used are different, in both situations the gels are saturated with the ECM protein, meaning the entire 

surface of the gel is covered by the coating molecule without any gaps of the order of magnitude of the 

traction foci (Figure S1 in Supplemental Materials). For a more detailed description of the hydrogel 

preparation and functionalization processes, see Supplemental Materials. 

Cell culture 

Green fluorescence protein (GFP)-expressing human umbilical vein endothelial cells (HUVECs) 

(Angioproteomie, Boston, MA), were seeded at low density on polyacrylamide hydrogels with desired 

stiffness. Cells were allowed to attach and spread overnight before imaging. For a more detailed 

description of the culture setup, see Supplemental Materials. 

Live cell imaging and cell mask extraction 

Live imaging was done using an Olympus FluoView™ FV1000-IX81(Olympus, Tokio, Japan) confocal 

microscope. Images of the cells and the stressed hydrogels (deformed under cellular tractions) were taken 

simultaneously every 2.25 min for approximately 1h (67.5min or 30 time-points). 

Acquired cell images were enhanced by a penalized least squares-based denoising step (23), followed by 
a contrast stretching operation to highlight cells from the image background. Then, a multi-level isodata 
thresholding algorithm was used to segment cell bodies at each time step and to obtain the cell mask.  
 
Dynamic Traction Force Microscopy 
 
For each time point, substrate displacements with respect to the relaxed state were measured, and 
corresponding tractions were calculated. Cellular tractions were recovered from the computed 
displacements by Tikhonov regularized Fourier Transform Traction Cytometry algorithm (16), which was 
modified to avoid the unwanted effects of the Young’s modulus of the substrate in the regularization 
parameter. See Supplemental Materials for detailed information on displacement field calculation, 
traction recovery, and proposed corrections. Video S1 in the Supplemental Materials shows a 
representative example of the effects of both non-corrected and corrected regularization applied to the 
same displacement field. 
 
Traction footprint 

We chose the Fourier Transform Traction Cytometry (FTTC) algorithm (24) to recover cellular tractions. 

Relative to methods that recover tractions in the spatial domain, recovering traction in the Fourier domain 

is computationally more efficient; however, the spatial regions where tractions are exerted cannot be 

specified a priori (25). As an alternative constrained methods, all in the spatial domain, have been 

developed, such as the Boundary Element Method, Finite Element Method, and Traction Reconstruction 

with Point Forces (TRPF) (26–28). We have used an unconstrained FTTC algorithm in which it is assumed 

that tractions can be localized at every position within the field of view (FOV). This is appropriate for our 

experimental setup because it is difficult to determine with certainty where the cell boundary is located; 

this difficulty arises from variation of fluorescence from cell to cell and low fluorescence at very thin 

protrusions and lamellipodia. With FTTC, it is the method itself which determines where tractions are 

exerted or not, indicated by either large traction value or a negligible value calculated at each position 



within the FOV, respectively. How negligible this value is depends on the experimental setup, which 

always entails a certain amount of experimental error, producing a small background level (Figure 3a). 

To account for this background value generated by unsconstrained FTTC, we defined a region of interest 

to distinguish the cell contribution from the background values inherent to experimental errors and 

computational methods: the traction footprint (see Figure 3a for an example). This region was 

automatically obtained by applying Otsu’s thresholding algorithm to the magnitude of the recovered 

tractions. 

 
Global traction metrics 

These following metrics were calculated using the entire traction footprint: 

Force dipoles (Mij): 

The dipoles reveal the principal directions of the cellular tractions, their eccentricity (i.e. deviation from 

circular distribution around cell mask centroid), and their contractile or tensile nature. The force dipoles 

are calculated by obtaining the first-order moments of the force (Equation 1)(29). 

𝑀𝑖𝑗 = ∑ 𝑥𝑖,𝑝𝑡𝑗,𝑝∆𝑥𝑦
2

𝑃𝑠

𝑝=1
 (1) 

 

𝑴 is a 2×2 tensor with components 𝑀𝑖𝑗, where 𝑖 and 𝑗 refer to the coordinate axes (𝑥 = 1 , 𝑦 = 2). 𝑥𝑖,𝑝 is 

the 𝑖𝑡ℎ component of the position of each pixel (𝑝) from the origin, defined as the centroid of the cell 

mask. 𝑡𝑗,𝑝 is the 𝑗𝑡ℎ component of the traction at the corresponding pixel (𝑝). ∆𝑥𝑦
2  is the area of each pixel. 

To calculate 𝑴, the integral is approximated as the discrete sum over the pixels that constitute the traction 

footprint (𝑃𝑠). 

The diagonal components of the tensor describe the contractile/tensile forces along the axes (𝑀𝑥𝑥 and 

𝑀𝑦𝑦), and the off-diagonal components describe the torque with respect to an axis (i.e. total torque given 

by 𝑀𝑥𝑦-𝑀𝑦𝑥). By diagonalizing 𝑴, the force distribution is reduced to two dipoles; these are the two 

principal directions of stress (eigenvector). The dominant orientation (major dipole) is the eigenvector 

corresponding to the largest eigenvalue. The minor dipole is the eigenvector corresponding to the smaller 

eigenvalue. The eigenvalues are signed quantities; the sign indicates whether the dipole is contractile 

(negative sign) or tensile (positive sign). The dipole ratio is the quantity obtained by dividing the magnitude 

of the major dipole by the magnitude of the minor dipole and is a measure of force polarization of the 

cell. Figure S2 in the Supplemental Materials shows a sample calculation of the force dipole for one of our 

cells. 

Total force magnitude: 

|𝒇|tot =   ∑ √(𝑡𝑥
2 + 𝑡𝑦

2)
𝑝

∆𝑥𝑦
2

𝑃𝑠

𝑝=1
 (2) 

 

Average traction magnitude: 



|𝒕|avg =   
|𝒇|𝑡𝑜𝑡

𝐴cell
 (3) 

 

Where 𝐴𝑐𝑒𝑙𝑙 represents the area of the cell mask. 

Maximum traction magnitude: 

|𝒕|max =   max
𝑝∈𝑃𝑠

(√𝑡𝑥
2 + 𝑡𝑦

2 )
𝑝

  (4) 

 

Local traction analysis 

The traction footprint was further segmented into traction foci (sample segmentation in Figure 3a). 

Segmentation was performed by applying a watershed transformation on the traction footprint, using 

local maxima in traction magnitude (peak traction magnitude values) as seeds. Identification of this local 

peak was done using the imregionalmax function in MATLAB (Mathworks, Natick, MA, USA), which 

identifies the local maxima in a grayscale image (i.e. traction magnitude map). This meant that per peak, 

a single focus was defined. 

Individual foci were tracked in time: Foci identified in consecutive time-points were identified as being 

one and the same based on spatial overlap. More information on this algorithm can be found in the 

Supplemental Materials. Once individual foci were tracked, they were characterized by calculating a series 

of features at each time-point: 

Area: 

𝐴foc =  𝑃𝑓𝑜𝑐  ∆𝑥𝑦
2  (5) 

 

𝑃𝑓𝑜𝑐 denotes the number of pixels that make up a focus. ∆𝑥𝑦
2  is the area of each pixel. 

Force: 

𝐹foc =   ∑ (√𝑡𝑥
2 + 𝑡𝑦

2)
𝑝

∆𝑥𝑦
2

𝑃𝑓𝑜𝑐

𝑝=1
 (6) 

 

𝑡𝑥 and 𝑡𝑦 are the 𝑥 and 𝑦 components of the traction vector (𝒕) calculated for each pixel (𝑝). 

Mean Focus Traction: 

|𝒕|foc =
𝐹foc

𝐴foc
=   

∑ (√𝑡𝑥
2 + 𝑡𝑦

2)
𝑝

𝑃𝑓𝑜𝑐

𝑝=1

𝑃𝑓𝑜𝑐
 

(7) 

 



To compare across conditions, these features were then averaged in time for each time-point in which a 

given focus was identified. This single value per focus was then averaged for all foci in each experimental 

condition. 

Focus Lifetime: 

The number of traction foci that were detected for each cell throughout the experiment duration and 

their individual lifetimes (𝜆) were also measured. 

Percentage (%) total force: 

The contribution of  foci with a particular lifetime to the total force magnitude exerted by a single cell:  

(%𝐹)λ =   
〈𝐹foc〉𝜆 〈𝑁𝑓𝑜𝑐〉𝜆

∑ 〈𝐹foc〉𝜆 〈𝑁𝑓𝑜𝑐〉𝜆
𝜆𝑚𝑎𝑥
𝜆=1

 (8) 

 

〈𝐹foc〉𝜆 denotes the average force exerted by all foci with a lifetime 𝜆; 𝜆, corresponds to acquisition steps 

and thus ranges from 1 to 𝜆𝑚𝑎𝑥 (i.e. the experiment duration or 30 steps).  〈𝑁𝑓𝑜𝑐〉𝜆 denotes the average 

number of traction foci with lifetime 𝜆 for all cells studied in each experimental condition. 

Statistics 

Statistical significance was determined using the Kruskall-Wallis test. This test performs a non-parametric 

one-way ANOVA test to determine if the null hypothesis can be rejected; the null hypothesis states that 

the distributions from which the two sets of measurements are taken have equal medians. A p-value 

cutoff of 0.05 was used, below which the null hypothesis was rejected. 

RESULTS 

Global traction generation: Effects on force generation at whole-cell level 

Three hydrogel compositions were synthesized to provide cell substrates with different stiffness, further 

termed low, intermediate, and high stiffness. These corresponded to Young’s moduli of 1.4, 2.7, and 4.5 

kPa, respectively. The hydrogels were coated with either fibronectin or collagen; there were thus six 

different experimental conditions. 

The total force exerted by each cell at a given time-point was calculated according to Equation 2. Next, 

these values were averaged over all time-points (i.e. the entire duration of the experiment), providing a 

single value per cell. Finally, the values for all cells in each condition were averaged. The resulting total 

forces are shown in Figure 1a. For easier comparison across substrate stiffness, the total force values were 

normalized to the values obtained at low stiffness (Figure 1b). To confirm that the traction calculation was 

accurate, the balance of tractions was quantified from the segmented stress footprint for each of the 

analyzed cells: The magnitude of the vector sum of forces over the stress footprint was compared to the 

total force. Despite not imposing the biomechanical constraint of zero sum of stresses on the cell with the 

traction recovery method, there was a minor deviation from zero of the total cell traction of 0.2131 ± 

0.2219 % (μ ± σ) in the X-direction and of 0.1984 ± 0.2102 % in the Y-direction. Thus the cells find 

themselves at equilibrium. This suggests that the method of traction recovery is trustworthy. 



Our data reveal an increase in the total force with an increase of substrate stiffness (Figure 1a), in 

accordance with the literature (15, 30). This increase is observed both on fibronectin and collagen. For all 

stiffness values, average total force was higher on collagen than on fibronectin. This difference was 

significant at low and high stiffness hydrogels, but not at intermediate stiffness due to larger variability in 

cell measurements on collagen. 

The trend with which force increases with hydrogel stiffness was found to be influenced by the ECM 

protein used (Figure 1b). On collagen, the increase of average total force is gradual, increasing 1.40 fold 

at intermediate stiffness and 1.73 fold at high stiffness, relative to total force at low stiffness. With the 

variability in measurements observed on collagen, these relatively smaller differences compared to those 

on fibronectin were not detected as significant. In contrast, on fibronectin, a more drastic total force 

increase was found from low to intermediate stiffness (2.43 fold increase), after which total force barely 

increased (2.51 fold increase with respect to low stiffness). This difference with respect to total force at 

lowest stiffness, was significant. 

Additionally, the maximum traction (Equation 4) was also compared between conditions (Figure S3 in the 

Supplemental Materials). Unlike total force values, there was no significant difference between 

fibronectin and collagen for the same stiffness. 

 

 

Figure 1. (a) Time-averaged total force. Values for each cell were obtained by averaging the calculated force over all 30 

experimental time-steps (2.25 min each). Plots show average (bar) and standard deviation (error bars) of the values calculated 

for the different cells in each of the experimental conditions.   (b) Normalized total force  (normalized with respect to total force 

at low stiffness) of cells on different stiffness hydrogels functionalized with fibronectin or collagen. (n= 15 cells for 1.5 and 2.7 

kPa fibronectin, n=12 cells in 4.5 kPa fibronectin and 1.5 kPa collagen, n=10 cells for 2.7 kPa collagen and n=11 cells on 4.5 kPa 

collagen). Statistical significance: * p < 0.05 , *** p < 0.005 



 

Cells display larger force polarization on collagen 

The force dipoles’ magnitudes and dipole ratio were calculated for cells in each of the experimental 

conditions. Average values are presented in Figure 2. The negative sign indicates that the dipole is 

contractile. The dipole ratio revealed that regardless of hydrogel stiffness, HUVECs on collagen are more 

polarized than on fibronectin. 

 

Figure 2. Time-averaged dipole ratio (left) major dipole magnitude (top right), and minor dipole magnitude (bottom right) of cells 
on different stiffness hydrogels functionalized with fibronectin or collagen. Values for each cell were obtained by averaging dipole 
values over all 30 experimental time-steps (2.25 min each) and plots show distribution over the different cells in each of the 
experimental conditions: Central mark indicates median. Top and bottom edges of box indicate first and third quartiles, 
respectively.  Whiskers show extent of lowest and highest values, excluding outliers. Outliers (marked by ‘+’ symbol) are not 
shown for dipole ratio only for displaying purposes. (n= 15 cells for 1.5 and 2.7 kPa fibronectin, n=12 cells in 4.5 kPa fibronectin 
and 1.5 kPa collagen, n=10 cells for 2.7 kPa collagen and n=11 cells on 4.5 kPa collagen). Statistical significance: * p < 0.05 , ** p 
< 0.01, *** p < 0.005 

Local traction generation:  Effects on force generation at subcellular level 

The molecular adhesion complexes are discrete and can vary in size. Starting with individual integrin 

molecules binding ECM proteins, these can grow into focal adhesions of a few micrometers in size as they 

are engaged by the intracellular molecular machinery (31). Given the discrete and subcellular nature of 

adhesion, we segment the traction footprint into small units we dub traction foci (see Methods section) 

and evaluate the effect of substrate stiffness and ECM protein on foci behavior. Each traction focus 

corresponds to part of the traction footprint associated with a single local peak in traction magnitude 

(Figure 3a). 

To determine if the strongest foci behave differently from all other foci, we further made a distinction 

between the strongest traction focus observed in each cell (from here onwards referred to as strongest 



population) and the entire foci population (from here onwards referred to as whole population). This 

whole population includes the strongest focus. The strongest focus was defined according to the 

maximum force exerted by the entire focus at any point during the experiment. 

 

Figure 3. (a) Representative image of the recovered tractions (left), traction footprint overlapped with the cell image (middle), 
and segmented traction foci (right). (b) Average ± SD of the total (cumulative) number of traction foci per cell throughout an 
experiment. (c) Histogram of whole population traction foci as a function of foci lifetime. (d) Histogram of strongest population 
traction foci as a function of foci lifetime were plotted. (whole population: FN 1.4kPa n=1098, COL 1.4kPa n=757, FN 2.7kPa 
n=1355, COL 2.7kPa n=730, FN 4.5kPa n=874, COL 4.5kPa n=848) (strongest: FN 1.4kPa n=15, COL 1.4kPa n=12, FN 2.7kPa n=15, 
COL 2.7kPa n=10, FN 4.5kPa n=12, COL 4.5kPa n= 11). Statistical significance: * p < 0.05 . Abbreviations: collagen (COL), fibronectin 
(FN). 



First, we quantified the total (i.e. cumulative) number of foci per cell that appeared during the entire 

duration of the experiment (Figure 3b). On collagen, this number increased with increasing stiffness to 

the same extent we saw the total force per cell increase (Figure 1a), but significant when comparing low 

and high stiffness conditions. In contrast, for cells seeded on fibronectin, this number reached its 

maximum for the intermediate stiffness (2.7 kPa), a significant increase relative to the low stiffness 

condition. 

Without an external stimulus (e.g. chemoattractant), most of the HUVECs we tracked did not migrate: 

Approximately 7% of the cells analyzed migrated a cell-length during the observation period of 68 min 

(not shown). This contrasts similar studies performed on more aggressive cells, such as cancer cells (32). 

The HUVECs did not display clear protrusive front. And although fluctuations with certain periodicity in 

time were observed in total cell force (not shown), average values over the entire experiment were 

enough to demonstrate the different behavior observed for the cells in the different experimental 

conditions: Variations for each cell are smaller than the differences in tractions observed when varying 

substrate stiffness and coating molecule (with the exception of a few outliers). Ultimately, without a clear 

migration direction velocity, and finding that temporal averages of traction values over the experimental 

interval were characteristic for the cell, we decided to quantify temporal dynamics only in terms of 

lifetime of traction foci. The distribution of the traction foci according to lifetime for the different 

conditions is presented in Figure 3c. This showed that the additional number of traction foci counted for 

cells seeded on fibronectin relative to collagen were mostly short-lived foci with lifetimes between 0 and 

4.5 min. The strongest foci were not necessarily long-lived (Figure 3d). 

Short-lived traction foci contribute significantly to cellular traction 

We also quantified the average force exerted by each of these subpopulations (Figure 4, bars). The mean 

force of the foci tends to increase with foci lifetime for most experimental conditions. A notable exception 

was observed in the high stiffness (4.5 kPa) hydrogel coated with fibronectin. In this condition, foci with 

intermediate lifetimes (between 25-45 min) were the strongest. 

Next, the relative contribution of each subpopulation of traction foci to the total force exerted by the cells 

in each condition was quantified as the percentage total force (Figure 4, solid line); see Equation 8. Even 

though the short-lived foci constituted the weakest population, they were so abundant that they 

contributed the most to the total force throughout the experiment (between 22 and 30%, depending on 

the condition). 



 

Figure 4.  Average force exerted by traction foci with a given lifetime (bars, left vertical axis) and percentage of contribution to 

the total force exerted by the cell along the whole experiment by each set of traction foci (solid line, right vertical axis) per 

condition. Abbreviations: collagen (COL), fibronectin (FN). 

Effects of hydrogel stiffness on local traction generation 

Figure 5 presents the dependence of area, force, and mean traction of the foci on hydrogel stiffness. No 

significant difference in foci area was found with varying stiffness (Figures 5a-b). The foci force for both 

whole and strongest populations (5c-d), were found to increase with increasing stiffness on average, 

although only significantly on fibronectin. Mean focus traction displayed the same trend as foci force with 

regard to hydrogel stiffness (Figures 5e-f); this follows from Equation 3. 



 

Figure 5. Characterization of traction foci in whole and strongest populations and comparison across the different hydrogel 
stiffness values: Average area of the traction foci for the whole (a) and (b) strongest populations; Average force exerted by the 
traction foci for the whole (c) and strongest (d) populations; Mean focus traction for the whole (e) and strongest (f) populations; 
Average ± SD were plotted (number of values averaged per condition: FN 1.4kPa n=1098, COL 1.4kPa n=757, FN 2.7kPa n=1355, 
COL 2.7kPa n=730, FN 4.5kPa n=874, COL 4.5kPa n=848) (strongest: FN 1.4kPa n=15, COL 1.4kPa n=12, FN 2.7kPa n=15, COL 2.7kPa 
n=10, FN 4.5kPa n=12, COL 4.5kPa n= 11). Abbreviations: collagen (COL), fibronectin (FN), whole population (wp). Statistical 
significance: * p < 0.05. 

Effects of ECM protein on local traction generation 



We also compared area, force, and mean focus traction calculated for the foci between conditions 

corresponding to different ECM protein but same hydrogel stiffness (Figure 5). The same data was 

reorganized for ease of comparison and is presented in Figure S5 in the Supplemental Materials. 

Traction foci had both a larger area and exert higher forces (although only significantly different for low 

stiffness) in cells seeded on collagen compared to those on fibronectin (Figures 5a-d and Figure S5a-b). 

Mean focus traction values were also higher on collagen coated hydrogels on low and intermediate 

stiffness conditions (again, significantly different for low stiffness), but were equal on the high stiffness 

condition (Figure 5e-f and Figure S5c). 

Comparing the different populations of traction foci reveals that the strongest foci population (i.e. 

strongest foci per cell in each condition) has an area approximately 6 times larger on average than the 

whole foci population (Figure 5a-b and Figure S5a). For this reason, we also calculated the mean foci 

traction as the force of the focus divided by its area (Equation 7); we find that the strongest foci population 

is exerting 1.9 and 1.8 times (on fibronectin and on collagen, respectively) higher tractions on average 

compared to the whole foci population, independently of their area. This discards the possibility that 

larger foci exert higher forces simply because of their larger area. 

The relation between area and force for each individual focus is shown in Figure S6 in the Supplemental 

Materials; in general, we found that there is a linear relationship between foci area and foci force. Time 

average foci tractions also increase with foci area, but not linearly (Figure S7 in the Supplemental 

Materials). 

DISCUSSION 

Traditionally, cellular tractions are quantified by summing the traction magnitude over the entire 

footprint, producing a single value per cell. This global analysis reveals HUVECs exert higher total force 

and maximum traction with increasing hydrogel stiffness (Figure 1). This is consistent with the literature 

(15, 30, 33),  when observing cells seeded on collagen. The global analysis for cells on fibronectin, displays 

a different trend (Figure 1b). We see a saturation of the total force response by HUVECs on fibronectin 

coated hydrogels. 

This saturation had been reported for HUVECs by Müller et al. (34). In this study, HUVECs were also grown 

on hydrogels with three different stiffness values coated with fibronectin: 2.5, 5.0, and 9.0 kPa. Total force 

exerted by the cells was also found to saturate at the intermediate stiffness condition. Unlike in our 

results, maximum traction was found to also saturate. This led the authors to suggest that a single 

adhesion site reaches a limit in the force they can exert of approximately 5 kPa and hypothesize that any 

further increase in global traction exertion could occur through formation of additional “traction force 

centers.” The difference with our cells in the stiffness value at which saturation is observed may arise from 

methodological differences in the studies, such as cells with a higher passage number and the use of cells 

that express a fluorescent protein. 

Through our local analysis of tractions, we show that the number of traction foci on fibronectin-coated 

hydrogels increases from low to intermediate stiffness hydrogels, which declines when stiffness was 

further increased to the high stiffness condition (Figure 3b). At the same time, the average force per 

traction focus steadily increases with hydrogel stiffness (Figure 4c). Taken together, these observations 



suggest that the decrease in the number of traction foci is balanced by the increase in the average force 

per focus when going from intermediate to high stiffness, leading to the saturation behavior. 

The higher average force per focus on fibronectin-coated high stiffness hydrogels seems to be mostly 

associated to stronger foci with lifetimes between 25-45 minutes (Figure 4). We confirm that this may be 

an explanation for the saturation response to increasing stiffness in fibronectin coated hydrogels by 

multiplying the average number of foci (Figure 3b) by the average focus force (Figure 5c): The resulting 

values are presented in Figure S4 in the Supplemental Materials. These trends in total force with changing 

hydrogel stiffness are remarkably similar to those obtained at the whole-cell level (Figure 1). 

This saturation in global force was observed in experiments with hydrogels coated with fibronectin, like 

Müller et al. used, but not with collagen. On fibronectin, the higher number of traction foci observed in 

the intermediate stiffness condition (in comparison to the low stiffness condition) was accompanied by a 

higher average force (Figure 5c) and traction (Figure 5e). Differences in local response to binding 

fibronectin and collagen can arise due to multiple sources: Adhesion complex conformation (as different 

component proteins are recruited into the adhesion complexes as they mature), differential downstream 

signaling, or the difference between mechanical response of fibronectin and collagen to tension. We 

speculate that molecular mechanisms underlie these observations, and although these multiple sources 

may be tied to one another, the initial step is the engagement of different integrin subunits involved in 

binding to either fibronectin or collagen (35). Members of the integrin family are the initial proteins 

responsible for binding fibronectin and collagen. 

Different integrin dimers are known to bind different ECM molecules (36). Specifically in the case of 

HUVECs, which bind collagen through the α2β1 integrin (37); it has been shown that when HUVECs are 

cultured in the presence of Histidine-Rich Glycoprotein blocks (HRG), which bind the I-domain of the α2-

subunit preventing it from binding collagen, adhesion of HUVECs is reduced on collagen by up to 90%. The 

same does not occur on fibronectin, demonstrating that α2β1 is the principal integrin dimer responsible 

for binding of HUVECs on collagen.  Meanwhile on fibronectin, in in vitro assays on fibronectin rich cell 

deposited matrix (in which negligible to minimal expression of collagens I and IV were detected), the 

combined blocking of α5β1 and αvβ3 resulted in almost complete inhibition of vascular morphogenesis, 

while blocking of α5β1 alone significantly reduced vascular morphogenesis, and blocking of αvβ3 alone 

only slightly retarded vascular morphogenesis (38). This suggests that these integrin dimers are the ones 

responsible for binding of HUVECs to fibronectin. 

Binding of fibronectin by α5β1 integrin has been shown to occur through a two-step process where the 

cell adhesion complex goes from a low tension configuration to a high tension configuration, a process 

dubbed “integrin switch” (39). After initial binding, when large enough tension is applied, the fibronectin 

molecule extends exposing a synergy site that interacts with the α5 subunit. This process leads to the 

activation of focal adhesion kinase (FAK), which results in the maturation of the FA. Meanwhile, cells bind 

collagen through the α2β1 integrin and do not need to exceed a tension threshold for FAK activation (36, 

40). More importantly, this integrin switch on fibronectin has been shown to be dependent on substrate 

stiffness, only occurring on stiffer substrates (39). This difference may provide an explanation for our 

results: As a consequence of insufficient tension across cell adhesions on our low stiffness hydrogels (1.4 

kPa) functionalized with fibronectin, a partial activation of FAK leads to a significantly lower number of 

traction foci (Figure 3b) and a lower average traction per focus (Figure 5e) than that calculated in 

intermediate stiffness hydrogels. On the intermediate stiffness hydrogels, the tension the fibronectin 



molecule is experiencing could be large enough to fully activate FAK, potentially allowing the cells to exert 

higher tractions. While such mechanism could partially explain the differences observed between 

fibronectin-coated low and intermediate stiffness hydrogels, it does not exclude the contribution from 

other mechanosensitive molecules like talin to FA maturation and traction buildup (41), that act regardless 

of hydrogel coating (42) and are responsible for the common increase in traction with increasing stiffness. 

Further studies focusing on inhibition of integrins or FAK signaling may provide insight as to whether our 

results can be attributed to this particular molecular mechanism. 

By choosing the term traction focus, we purposely avoid making a conjecture about the biological identity 

of the traction sources in our HUVECs. Because we coat the entire surface of the hydrogel with ECM 

proteins (Figure S1), there is no limitation to the size of FA clustering that may occur nor a minimal 

distance that must exist between adhesions. This allowed us to characterize the range in the area of the 

cell-substrate interface over which a HUVEC can exert peak tractions as well as the range in force locally, 

but it limited the amount of comparisons we can perform with studies in the literature. Immunostaining 

for fibronectin and collagen reveal that despite coating entirely the hydrogel surface, the distribution of 

the proteins differs. While the distribution of fibronectin is homogeneous, that of collagen is 

heterogeneous with larger groupings of the protein present over the more prevalent uniform distribution 

(Figure S1). This is not surprising given the thicker fibrils formed by collagen compared to fibronectin. The 

larger of these collagen groupings are comparable in size to the larger traction foci; we do not discount 

that this may also play a role in determining traction foci size. 

The work by Fu et al. used a micropost array (2 μm in diameter) to characterize the size of single FA 

complexes as well as the traction exerted by each complex in HUVECs (43). In this study, the authors 

measure the size of FAs that have an area of up to 2.50 μm2 and tractions reaching values up to 10 nN/μm2. 

In our experiments traction foci were found to have areas ranging between 0.2-665 μm2 and exert forces 

ranging between 0.14-95 nN. This suggested that individual traction foci could correspond to a cluster of 

multiple FAs, which we later confirmed and will discuss later. The force values per foci seem comparable 

to those obtained by Fu et al.; as few as 10 of the strongest FA observed by Fu et al. could account for the 

force of the strongest foci observed in our study. In our results we found there was no difference in area 

of individual traction foci with stiffness (Figure 5a), but there was an increase in force (Figure 5c). This 

indicates that increased force arises from maturation of FAs (i.e. recruitment of additional proteins and 

engagement of the cytoskeleton), possibly accompanied by clustering of multiple FAs. We found that 

traction foci have lifetimes in the same order of magnitude as FAs. The mean foci lifetime was around 10 

minutes, and between 40-60 minutes in the case of the strongest foci (Figure S5). For example, in the case 

of fibroblasts, nascent adhesions form for a period between 1-2 min, and if they mature they can lifetimes 

ranging from 20-40 min (44, 45). 

Other studies have used experimental conditions closer to ours but quantified FA size and traction for 

other cell types. A study by Hernández-Varas et al. measured the area of individual FAs for H1299 (non-

small lung carcinoma) cells on fibronectin coated glass as well as the tension using a vinculin Förster 

Resonance Energy Transfer (FRET) molecular tension probe (20); in it, without a limit on FA area, cells 

were found to have FA areas ranging between 0.20-6 μm2. This suggests that even in the absence of a 

physical constraint to FA size, our largest traction foci could correspond to a cluster of FAs. Unfortunately, 

the authors report tension in the FAs in arbitrary units, thus preventing us from making a comparison with 

our traction values. Another study, by Stricker et al., seeded U2OS (human osteosarcoma) cells and NIH 

3T3 (murine embryonic) fibroblasts on fibronectin-coated PA hydrogels of 2.8 and 16 kPa, respectively 



(26).  This study deserves a special mention because amongst the methods it implements for traction force 

calculation is Traction Reconstruction with Point Force (TRPF), introduced originally by Schwarz  et al. (46). 

This method calculates tractions from recovered displacements by constraining the local stresses to the 

area of segmented focal adhesions, thus also analyzing cellular tractions at the subcellular level while 

using traditional TFM.  Similar to Hernández-Varas et al., the authors found distinct phases of FA growth 

and correlation with traction build-up. Individual FAs (comparable in size to those characterized by Fu et 

al.) had traction values reaching 500 Pa. These values are larger than those we report. This could be due 

to the cell type, as fibroblasts can exert high tractions. The highest mean focus traction we observed was 

close to 300 Pa in 4.5 kPa gels, regardless of ECM protein  (Figure 5f). Although this method reduces the 

need for regularization schemes used to avoid overfitting of the recovered force field to the errors present 

in the calculated displacements, its reliability highly depends on capturing all the focal adhesions involved 

in the force-related cell-matrix interactions and on the accuracy of their subsequent segmentation (16). 

This is challenging and may require additional equipment, such as additional lasers (i.e. different 

wavelengths) to reliably detect fiducial markers in the substrate as well as focal adhesions. With our 

method, in comparison to TRPF, we seek to avoid these technical challenges.  

For a direct comparison between focal adhesions and traction foci, we imaged focal adhesions through a 

fluorescent vinculin reporter. Video S2, in the Supplemental Materials, presents a HUVEC cultured on a 

2.7 kPa hydrogel coated with collagen in which the fluorescent focal adhesions are enhanced and shown 

along with the outline of the traction foci. This video demonstrates that each traction focus corresponds 

to the traction distribution exerted by at least one, but in most cases multiple focal adhesions, often at 

the edges of the foci. Video S3, in the Supplemental Materials, shows the segmented focal adhesions 

overlaid on the stress footprint of the cell. This video shows how the strongest foci are associated with 

the largest focal adhesions. It is not possible to determine if these large adhesions are really multiple 

clustered adhesions or individual ones that have matured and simultaneously grown. Observing the 

evolution of these focal adhesions in time, shows that they break up into smaller ones, suggesting that 

they are clusters of focal adhesions. 

In addition to providing insight on the total force measurements at the global scale, looking at traction 

foci can also help interpret findings on cellular traction orientation through the force dipole. Our results 

suggest that the ECM protein can affect polarization of cellular forces (Figure 2a). Considering that cells 

exert higher total forces on collagen (Figure 1a), we saw that increased cellular forces occur 

simultaneously with increased force polarization (Figure 2). The spatial distribution of cellular tractions 

has often been presented as synonymous with cellular morphology because it has been thoroughly shown 

that cells adopting a polarized shape can exert larger tractions. These studies were performed using 

experimental systems that constrain cell shape (47–49) or expose cells to an external directional stimulus, 

such as a chemical or a substrate stiffness gradient (33, 50). Our experimental system does not attempt 

to do this, placing cells in a homogeneous environment. 

We found that differences in polarization between cells cultured on the two different ECM proteins are 

obscured if polarization is described solely in terms of morphology.  The aspect ratio (i.e. the ratio of major 

axis to minor axis)  was calculated as a measure of shape polarization. Figure S8 in the Supplemental 

Materials, shows the average aspect ratio of cells in the different experimental conditions. No significant 

difference in aspect ratio with ECM protein was found for cells seeded in the low and intermediate 

stiffness conditions. Figure S8 shows a sample dipole ratio tracked in time along with the aspect ratio: 

These two quantities were similar but not identical for HUVECs. 



In conclusion, we have demonstrated that more refined spatiotemporal analyses of traction foci at a 

subcellular level can help in identifying effects of substrate stiffness and coating on traction exertion, as 

well as in explaining observed differences in cellular forces at a global cell level. While we were successful 

in explaining the trend with which whole-cell forces varied with stiffness for fibronectin versus collagen, 

the molecular mechanisms behind these trends remain unknown. Future work should clarify this 

mechanisms, possibly performing TFM while blocking specific integrin dimers. Imaging of the actin 

cytoskeleton would also be insightful because acto-myosin contraction along stress fibers is the source of 

the largest tractions. Even without molecular imaging, however, our results open the door to further 

analyses at this local level using TFM. 
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SUPPLEMENTAL MATERIALS 

 

Supplemental Text 

Hydrogel preparation 

Polyacrylamide (PA) hydrogels were prepared as described by Tse et al. (1): The glass bottom of petri 

dishes were treated with 3-aminopropyltrimethoxysilane (APTS, Sigma-Aldrich, St. Louis, MO) and 1% 

glutaraldehyde. To obtain the desired stiffness values (1.4, 2.7, and 4.5 kPa), hydrogels were prepared by 

mixing different volumes of 40% acrylamide, 2% bis-acrylamide (Bio-Rad, Hercules, California) with 

distilled water; volumes are shown in Error! Reference source not found.. After sonication of the mixture, 

10% ammonium persulfate (Bio-Rad, Hercules, California) and TEMED (Sigma-Aldrich, St. Louis, MO) were 

added to the Bis/Acrylamide mix. Each gel had a volume of 150 μL; the thickness of the gel (i.e. height 

from contact with the glass to the protein coating) varied between 100-150 μm. The area of the coated 

surface to which cells bind is approximately 1 cm2. 

Table S1: Mixtures of Acrylamide and Bis-Acrylamide (final concentrations) to obtain hydrogels with the corresponding Young’s 
Modulus, as measured by atomic force microscopy (average ± SD).  

Young’s 
Modulus (kPa) 

Acrylamide 
(wt %) 

Bis-Acrylamide 
(wt %) 

1.4 ± 0.1 5 0.1 

 2.7 ± 0.2 4 0.3 

4.5 ± 0.4 5 0.15 

 

These stiffness values were chosen due to a technical limitation of our current methods: Below 1.4 kPa, 

hydrogels (purposely made thin for cell imaging) were brittle and cracked. Above 4.5 kPa, cells only caused 



negligible displacements. Human umbilical vein endothelial cells (HUVECs) do not exert as much force as 

other commonly used cells, e.g. fibroblasts. 

As fiducial markers for TFM, 200 nm carboxylate-modified microspheres (FluoSpheres®, ThermoFisher 

Scientific, Waltham, MA) were added to the mixture at a 1:60 ratio and 15 μl of the mixture was placed 

on top of the glass. A Sigmacote®-pretreated (Sigma-Aldrich, St. Louis, MO) 12 mm coverslip was used to 

flatten the hydrogels. After 30 min of polymerization, some distilled water was added, and the 

coverslips were gently removed. 

Hydrogel functionalization 

Hydrogels were functionalized with either fibronectin or collagen: First, a dilution of 0.5 mg/ml of sulpho-

SANPAH (ThermoFisher Scientific, Waltham, MA) was used. Sulpho-SANPAH was activated with a 3UV 

light lamp (115 V, 60 Hz, 365 nm wavelength; ThermoFisher Scientific) for 20 min. This was done twice. 

Next, the hydrogels were washed with sterile PBS before adding the ECM protein such that it saturated 

the hydrogel surface: Human fiibronectin  (Sigma-Aldrich, St. Louis, MO)  was added at a concentration of 

5 μg/ml, concentration above which no difference in distribution of protein was observed (not shown). 

Rat tail type I collagen (BD bioscience, San Jose, CA) was added at a concentration of 100 μg/ml; this 

concentration was chosen because it is a widely used value in the literature including in work with HUVECs 

(2–5). Immunostaining of the ECM proteins confirm saturation of the hydrogel surface (Figure S1, 

Supplemental Materials). 

Protein coating immunostaining 

To visualize the protein coating in order to confirm saturation of the cell-substrate interface with the ECM 

protein, immunostaining was performed on coated hydrogels without cells. Primary antibody to 

fibronectin (F3648) was purchased from Merck (Kenilworth, NJ, USA). Primary incubation was performed 

overnight at 4°C on an orbital shaker;  dilution used was 1:400 in PBST (0.1% Tween 20, 1% FBS). Primary 

antibody to collagen (ab34710) was purchased from Abcam (Cambridge, MA, USA). Primary incubation 

was performed overnight at 4°C on a shaker;  dilution used was 1:500 in PBST (0.1% Tween 20, 1% FBS). 

The same secondary goat anti-rabbit IgG, conjugated with AlexaFluor® 594, was used in both cases (A-

11037), purchased from ThermoFisher Scientific (Waltham, MA, USA). Incubation was performed for 1h 

at room temperature on an orbital shaker. 

Atomic Force Microscopy 

The hydrogel stiffness was determined by means of Atomic Force Microscopy (AFM). A JPK Nanowizard® 

III Bioscope-AFM (JPK Instruments AG, Berlin, Germany) was employed to obtain the Young’s modulus of 

the PA hydrogels. For each AFM measurement, the spring constant of the cantilever was calibrated using 

thermal tuning method and it was found to be in the range of 0.035–0.045 N/m. Siliconnitride AFM probes 

with a four-sided pyramid geometry were used. For this specific type of probe, Equation 1 describes the 

Hertzian model used to determine the Young’s modulus of the material (E) based on the relation between 

force (F) and indentation (δ) (6): 

 



𝐹 =  
1

√2

𝐸 

(1 − 𝜈2)
tan(𝛼) 𝛿2 

(1) 

 

α stands for the half face angle of the probe, while stands for the Poisson’s ratio (assumed to be 0.48). 

All the recorded AFM images consisted of either 8×8 or 16×16 pixels with scan size varying from 10 to 50 

µm. Several AFM images were obtained at separate locations across the hydrogel surfaces to verify the 

reproducibility of the results. In order to account for hydrogel swelling, stiffness measurements were 

performed 24h after specimen preparation and equilibration in PBS at 37 °C. Cell seeding also occurred 

after this 24 h swelling period. 

Cell culture 

Green fluorescence protein (GFP)-expressing HUVECs (Angioproteomie, Boston, MA) were cultured in 

medium EBM-2 (Lonza, Basel, Switzerland) supplemented with EGM-2 bullet kit (Lonza, Basel, 

Switzerland) at 37° C and 5% CO2. Between 3000 and 4000 GFP-HUVEC cells per cm2 were seeded on 

polyacrylamide hydrogels with specific stiffness. Cells were allowed to attach and spread overnight before 

imaging. Gels were prepared with embedded fiducial markers for traction calculation and functionalized 

with either fibronectin or collagen for cell adhesion. 

Focal adhesion visualization 

A vinculin reporter, part of a tension FRET sensor (Vin-TS), was used to visualize focal adhesions. Vin-TS 

(plasmid #26019, Addgene) was a gift from Martin Schwartz (7). HUVECs, passage 3-5, were seeded at 

approximately 70% confluency and incubated with transfection medium without heparin and antibiotics. 

After overnight attachment, cells were transfected with 1 µg/well of the Vin-TS plasmids using X-

tremeGene HP DNA Transfection Reagent (Merck, Kenilworth, NJ, USA) according to the manufacturer’s 

instructions. After a 2h incubation, the transfection reagent was washed off; after which cells are expected 

to express the proteins for a minimum of 24 hours; cells were then reseeded as described in the previous 

section. 

Live cell imaging 

Imaging was done using an Olympus FluoView™ FV1000-IX81 (Olympus, Tokio, Japan) confocal 

microscope, equipped with an incubator controlling temperature and CO2, and a Leica HC FL FLUOTAR 

40X/0.600 CORR long working distance objective (Leica, Wetzlar, Germany). Images of the cells and the 

stressed hydrogels (deformed under cellular tractions) were taken simultaneously every 2.25 min for 

approximately 1h (67.5min or 30 time-points) using a 488 nm laser for GFP-HUVECs and a 559 nm laser 

for fluorescent beads. A Z-stack of depth between 5.6 and 7 μm from the hydrogel surface was taken for 

each imaged cell to avoid possible loss of focus during the time-lapse. Image volumes were acquired with 

0.4 μm pixel size in the XY plane and 0.7 μm along the Z-axis. 

To obtain the reference gel configuration for TFM, cells were detached from the hydrogels at the end of 

the experiment by adding sodium dodecyl sulphate (SDS) 20% (Sigma-Aldrich, St. Louis, MO). The 

hydrogels were allowed to stabilize for some minutes and Z-stacks of the relaxed (undeformed) hydrogels 

were taken at corresponding locations where cells had been previously recorded. 

Displacement field calculation 



Prior to the calculation of hydrogel displacements, acquired bead images were filtered by a difference of 

Gaussians operator to simultaneously boost blob-like structures and reduce noise. Then, the XY plane 

representing the surface of the hydrogel was identified within the acquired Z-stack. 

The calculation of the 2D displacement fields from bead images was split into two image registration steps. 

First, a global rigid registration of the images was performed to correct for the stage shifts that might be 

present during time-lapse acquisitions. Then, the bead images of the stressed hydrogel at each time point 

were compared to the bead images of the relaxed hydrogel acquired after cell lysis, and Free Form 

Deformation (FFD)–based non-rigid registration (8) was used to compute the cell-induced displacement 

field. To obtain smooth displacement fields and at the same time cope with different levels of matrix 

deformations, the FFD algorithm was applied following a coarse-to-fine multiscale strategy. Specifically, a 

three-level multiscale approach was defined with 72×72 pixels, 36×36 pixels, and 18×18 pixels as the size 

of the deformable mesh used by the FFD algorithm for the coarsest, intermediate, and finest scales, 

respectively.  

Regularized traction recovery 

PA hydrogel substrates were considered as homogeneous, isotropic, linear elastic half spaces, and cell 

tractions were recovered by Tikhonov regularized Fourier Transform Traction Cytometry algorithm (9) as: 

 

𝒕𝜆 = ℱ−1{(𝑮̃∗𝑮̃ + λ𝑰)−1𝑮̃∗𝒖̃} (2) 

 

where recovered cellular tractions 𝒕𝜆 are obtained as the inverse Fourier transform (ℱ−1) of the 

regularized inversion of the elasticity problem in the Fourier domain. Here, 𝑮̃ and 𝒖̃ represent the Green’s 

function expressed as a tensor and the displacement field, respectively, in the Fourier domain, 𝑮̃∗ is the 

complex conjugate of 𝑮̃, and λ is a parameter that controls the amount of regularization applied. 

Gel stiffness independent regularization 

While needed to prevent noise amplification and therefore to stabilize the solution in TFM experiments, 

Tikhonov regularization also acts as a smoothing operator. Hence, over-regularization (i.e. choosing a high 

λ value) can lead to the underestimation of the recovered tractions, at the same time distributing them 

over larger areas. Given the impact of λ on the recovered traction field, the amount of regularization must 

be kept constant when comparing tractions between different experimental conditions, such as different 

substrate stiffness values. However, since the Green’s function is inversely proportional to the Young’s 

modulus (𝐸) of the substrate, the amount of regularization will scale with 𝐸2 for a constant value of . 

Indeed, using 𝑮̃0 to denote the Green’s function in the Fourier domain for 𝐸 = 𝐸0 = 1 and fixing the value 

of the regularization parameter to λ = λ𝑐, Equation 2 can be rewritten as: 

𝒕𝜆𝑐
= ℱ−1 {(

1

𝐸
𝑮̃0

∗   
1

𝐸
𝑮̃0 + λ𝑐𝑰)−1  

1

𝐸
𝑮̃0

∗   𝒖̃} 

 

= 𝐸 ℱ−1{(𝑮̃0
∗ 𝑮̃0 + 𝐸2λ𝑐𝑰)−1 𝑮̃0

∗  𝒖̃} 

(3) 

 



Equation 3 demonstrates that for a constant c, larger penalties 𝐸2λ𝑐𝑰 will be imposed for stiffer 

substrates. To overcome this unwanted effect, we reformulated the calculation of the cellular tractions 

as: 

𝒕𝜆𝑐
= 𝐸  𝒕𝜆𝑐,𝐸0

 (4) 

 

with 

𝒕𝜆𝑐,𝐸0
=   ℱ−1{(𝑮̃0

∗ 𝑮̃0 + λ𝑐𝑰)−1 𝑮̃0
∗  𝒖̃} (5) 

 

being the regularized traction recovery for 𝐸 = 𝐸0. Hence, the obtained tractions were regularized 

independently of the Young’s modulus, allowing for unbiased comparison among cells cultured on 

hydrogels of different rigidity. Video S1 shows a representative example of the effects of both non-

corrected and corrected regularization applied to the same displacement field. 

Temporal tracking of traction foci 

After the traction foci were defined for cell images at each time-point, each focus was given an identifier 

(focus ID). A custom function was used to track individual foci in time (i.e. correlate foci IDs between 

consecutive time-points), ensuring that each traction focus had a unique focus ID for its entire lifetime 

within the experiment. The tracking algorithm was adapted from an algorithm to track 3D cellular clusters 

in time developed in part by one of the authors (10). The algorithm checked that there is at least a single 

pixel overlap between traction foci in consecutive time-steps as a requirement to assign the same focus 

ID. If two (or more) foci merged, the new focus was labeled as the larger of the two. Finally, if a traction 

focus shared no pixels with any focus in the previous time-point, this was considered a new focus and 

awarded a new focus ID. Alternatively, traction foci could cease to exist if no pixel were shared by any 

traction focus in the subsequent time-point; a traction focus was allowed to disappear for up to 3 time-

points (6.75 min) before considered defunct. 

 

 

Supplemental Video Caption 

Video S1. Representative example of the effects of both non-corrected (a) and corrected (b) regularization applied to the same 

displacement field. (a) Note expansion of traction footprint in non-corrected case as value of Young’s modulus is increased. (b) 

Note linear scaling of traction magnitude with value of Young’s modulus in corrected case. Displacement field was measured for 

a HUVEC on hydrogel of 2.7kPa stiffness coated with collagen. Traction calculation was performed for multiple values of the 

hydrogel’s Young’s modulus (ranging between 1-100 kPa). Scale bar (30 μm). 

Video S2. Representative example of the distribution of focal adhesions along the cell-hydrogel interface. Vinculin fluorescent 

reporter used to image focal adhesions in a cell in time. Vinculin fluorescence is displayed in red, while the traction foci are 

outlined in white; white circles indicate the position of the local peaks in traction magnitude for each focus. Images were 

processed to make focal adhesions more visible: The contrast was enhanced followed by application of a top-hat filter to 

remove fluorescence of the nucleus. Vinculin intensity was imaged for a HUVEC cultured on a hydrogel of 2.7 kPa stiffness 

coated with collagen. Scale bar (30 μm). 

Video S3. Position of focal adhesions relative to traction foci. Not all focal adhesions were detected (see Video S2), but 

strongest foci are always associated with large focal adhesions, and adhesions near the centroid of the cell shape do not exert 



tractions. Traction foci are colored according to their traction magnitude, while focal adhesions and cell outline are colored in 

pink. The video corresponds to the same cell in Video S2, a HUVEC cultured on a hydrogel of 2.7 kPa stiffness coated with 

collagen. Scale bar (30 μm). 

 

Supplemental Figures 

 

 

Figure S1. The cell binding area of polyacrylamide hydrogels is saturated with coating protein. Immunostaining of fibronectin 

(TOP) and collagen (BOTTOM) coating of polyacrylamide hydrogels acquired using objective lenses with two different 

magnifications: 40X (LEFT) and 100X (RIGHT). Immunostaining was performed in hydrogels synthesized and coated according to 

the procedure outlined in the Methods section; however, no cells were seeded in these gels. Cells shown, were grown on gels 

with the same treatment (i.e. intermediate stiffness of 2.7 kPa, and coated with the indicated protein coating), are used for 

comparison of the size of the traction foci with features of the protein coating. Image of GFP-HUVECs shown in grayscale, with 

traction footprint colored according to traction magnitude as well as cell outline in pink (cell cultured on fibronectin) or yellow 

(cell cultured on collagen).  Scale bar (30 μm). 

 

 

 

 

 

 

 

 

 



 

 

 

Figure S2. Sample calculation of the force dipole (𝑴) for a single time-point for a cell seeded on a poly acrylamide hydrogel of 

intermediate stiffness (2.7 kPa) coated with collagen. (left) Image of GFP-HUVEC with overlaid traction footprint and cell 

perimeter. (center) Simplified tractions resulting from summing tractions within each traction focus and placed in position of 

peak value of focus: This was done only for displaying purposes, showing clearly the general orientation of the tractions at the 

cell-substrate interface. For all reported results, dipole was calculated by summing over all pixels in the traction footprint and 

maintaining the position of the tractions. (right) Diagonalization of 𝑴, resulting in identification of major and minor dipole, 

displayed graphically in blue and orange respectively over the  cell mask. Mathematical symbols: 𝑀𝑖𝑗 represents the components 

of the dipole, where 𝑖 and 𝑗 refer to the coordinate axes (𝑥 = 1 , 𝑦 = 2); 𝑥𝑖,𝑝 is the 𝑖𝑡ℎ component of the position of each pixel 

(𝑝) from the centroid of the cell mask; 𝑡𝑗,𝑝 is the 𝑗𝑡ℎ component of the traction at the corresponding pixel; ∆𝑥𝑦
2  is the area of each 

pixel; 𝑃𝑠, is the number of pixels in the traction footprint. 

 



 

Figure S3. Maximum tractions calculated for cells on different stiffness hydrogels functionalized with fibronectin or collagen. 

Average ± SEM (n= 15 cells for 1.5 and 2.7 kPa fibronectin, n=12 cells in 4.5 kPa fibronectin and 1.5 kPa collagen, n=10 cells for 

2.7 kPa collagen and n=11 cells on 4.5 kPa collagen). Statistical significance: * p < 0.05 , *** p < 0.005 

 

 

 

Figure S4. (a) Approximation of the total force exerted by cells in each condition throughout the duration of an experiment. Values 

obtained by multiplying the average cumulative number of foci observed (Figure 3b, Main Text) by the average force value 

exerted by foci (Figure 5c, Main Text). (b) Normalized values relative to low stiffness condition for each ECM protein. 



 

Figure S5. Characterization of whole and strongest populations of traction foci and comparison between use of fibronectin (FN) 

and collagen (COL) as ECM protein on the hydrogel. Values represent averages over all foci per experimental condition of: (a) 

Area; (b) Force; (c) Mean focus traction; (d) Lifetime. Average ± SD were plotted. Abbreviations: collagen (COL), fibronectin (FN), 

whole population (wp). p-values represent the statistical difference between fibronectin and collagen for a single stiffness value: 

* p < 0.05 , ** p < 0.01 , *** p < 0.005. 



 

Figure S6. Scatter plot of traction foci area and traction foci force per condition. Each point represents the average over the entire 

lifetime of the focus. Different colors represent different cells. Legend: r – correlation coefficient indicating linearity, m – slope of 

linear fit. Abbreviations: collagen (COL), fibronectin (FN). 

 



 

Figure S7. Scatter plot of traction foci area and traction foci average traction per condition. Each point represents the average 

over the entire lifetime of the focus. Different colors represent different cells. Legend: r – correlation coefficient indicating 

linearity, m – slope of linear fit, b – vertical axis intercept. Abbreviations: collagen (COL), fibronectin (FN). 

  



 

Figure S8. Morphology (aspect ratio) and force (dipole ratio) polarization are not always correlated. a) Brightfield images of 

HUVECs with a cytoplasmic dye with overlaid traction footprint (color indicates magnitude, arrows indicate direction), major and 

minor dipole orientations and relative size (red), and major and minor axes, which define the aspect ratio, based on cell mask 

(black). Cell is seeded on 2.7 kPa hydrogel coated with collagen. b) Comparison of dipole and aspect ratios. Quantity plotted is 1-

(1/ratio) such that it is normalized, and a higher values represent higher polarization. c) Time-averaged aspect ratio of cells on 



different stiffness hydrogels functionalized with fibronectin or collagen. Central mark indicates median. Top and bottom edges 

of box indicate first and third quartiles, respectively.  Whiskers show extent of lowest and highest values. Outliers are marked by 

‘+’ symbol. (n= 15 cells for 1.5 and 2.7 kPa fibronectin, n=12 cells in 4.5 kPa fibronectin and 1.5 kPa collagen, n=10 cells for 2.7 

kPa collagen and n=11 cells on 4.5 kPa collagen). Statistical significance: * p < 0.05 
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